Single-molecule biophysics has been serving biology for more than two decades. Fluorescence microscopy is one of the most commonly used tools to identify molecules of interest and to visualize biological events. Here we describe some of the most commonly used fluorescence imaging tools to measure nanoscale movements and the rotational dynamics of biomolecules. 
MEASURING DISTANCES AND STUDYING ROTATIONAL DYNAMICS OF PROTEINS USING SINGLE-MOLECULE FLUORESENCE IMAGING TECHNIQUES

Single-Particle Tracking: Resolution and Orientation
It has been known for more than a century that the far-field diffraction limit of light is approximately λ/2NA, where λ is the wavelength and NA is the numerical aperture of the collecting lens. For a microscope, the maximum NA is <1. 65 . This means that two points, emitting in the visible wavelength, cannot be separated if they are closer than ∼250 nm. If they are closer than this, the point spread function (PSF) of the two spots overlap into one; if farther than this, they are two well-resolved points. Recently, novel subdiffraction techniques have been introduced (12, 20, 46, 47) to achieve a resolution of <50 nm.
Other workers have focused on tracking of single particles. Here the far-field diffraction limit does not apply, and one can determine the position of an object with unlimited accuracy, although the amount of photons hitting the detector is limiting, as well as other sources of background (Equation 2). For example, Gelles et al. (17) used 1-μm latex beads with differential interference contrast microscopy, at 30 frames per second, and observed little molecular motors (kinesin) transport the beads with a precision of 1 to 2 nm. Sheets et al. (36) and Geerts et al. (16) used 30-to 40-nm colloidal gold particles, with similar temporal and spatial resolution, detected by bright-field microscopy. More recently, Thompson et al. (40) observed fluorescent beads with a precision of ∼2 nm, and developed a simple but elegant theory of precise localization. Yildiz et al. (49) have discovered how to study single fluorophores attached to biomolecules of interest to achieve ∼1.5 nm localization of the fluorophore's centroid, with a temporal resolution of 1 to 500 ms (22, 28, 49, 51) .
Single-molecule biophysics comprises more than measuring step sizes and distances, and there is a need for tools that measure the rotational movements of biomolecules. The existing tools for measuring rotational dynamics are usually based on the polarized characteristic of light. A fluorophore typically acts like a transition dipole moment, i.e., it has an excitation dipole and an emission dipole. Dickson and coworkers (2) (3) (4) showed that the shape of a fluorophore's image collected with a defocused lens depends on the dye's orientation. Goldman and colleagues (15) used total internal reflection (TIR) fluorescence microscopy with orthogonal polarizations to excite a single molecule in order to determine the dye's orientation when bound to myosin V molecules. Finally, we have utilized the work of both Dickson and colleagues and Goldman and colleagues to determine orientations and centroids using a technique called defocused orientation and positioning imaging (DOPI) (42) , as well as polarization microscopy (39) . The work is summarized here.
Fluorescence Imaging with One Nanometer Accuracy
Fluorescence imaging is widely used to study biological mechanisms. With classical fluorescence imaging methods, point-like fluorescent emitters (e.g., small organic dyes) cannot be localized to an accuracy better than ∼250 nm because of the diffraction limit. However, better localization accuracy is necessary in order to study the mechanisms of biological molecules. For example, processive molecular motors such as myosin, kinesin, and dynein take discrete steps, which occur in the nanometer range (49-51). The study by Cheezum et al. (9) showed that fitting a two-dimensional (2D) Gaussian function to the emission pattern of a single fluorescent probe to obtain the centroid of a fluorescent probe is the best approach among other possible algorithms. Thompson et al. (40) later quantified all the parameters that affect the standard error of the mean (SEM) of the resulting fit and, using a charge-coupled device (CCD), demonstrated experimentally that fluorescent beads can be localized to ∼2 nm. The main contributions to the SEM of a least-squares fit of the 2D Gaussian function arise from five sources: pixelation of the CCD camera, fluorescent background, readout noise from the CCD camera, number of photons, and photon noise. This approach was extensively developed by Yildiz et al. (49), and it was successfully applied to measure the step sizes of fluorescently labeled myosin V molecules. Yildiz et al. named the method fluorescence imaging with one nanometer accuracy (FIONA) (49). FIONA has been widely used by several groups to study the translocation of molecular motors or to measure small distances.
The emission intensity distribution [I(x,y)] of a fluorophore on the CCD imaging plane is fit to the following 2D Gaussian function in order to get the lateral position of the fluorophore in the specimen plane:
where x 0 and y 0 are the coordinates of the center, and s x and s y are the standard deviations of the distributions in each direction (Figure 1a) . The SEM (σ μ x,y ) of the 2D Gaussian function is
where N photons is the number of the collected photons during one exposure period, a is the effective pixel size (a = CCD pixel size per magnification), and b is the background (40).
Possible Methods of Decreasing σ μ x,y
It is possible to reduce the SEM to as low as 1 nm (or less) by increasing the number of collected photons (>10,000), decreasing (a) The observed CCD image (inset) and the resulting point spread function of a fluorescent bead; the Gaussian fit is shown with wires. The standard error of the mean for the Gaussian fit is ∼1.2 nm. (b) A fluorescent bead stuck to the coverslip was moved by 20-nm steps using a sample-holding piezo stage (Nano-Bio2 , Mad City Labs Inc.), and each frame was acquired for 0.5 s. (c) A cartoon illustration of two consecutive steps of a fluorescently labeled myosin V molecule with hand-over-hand fashion. Lever arms are blue and red. The motility direction is leftward. Only one of six IQ domains is labeled with a bifunctional rhodamine dye. The emission dipole of the dye is depicted by an orange, double-arrowed line. The center-of-mass displacement of myosin V is ∼37 nm at each step. Therefore the measured step sizes are expected to alternate by 37 − 2x and 37 + 2x nm, where x is the projected distance between the dye and the center of mass of the myosin V. The lever arm is in a trailing state after short (37 − 2x) steps and in the leading state after long (37 + 2x) steps. The lever arm might be slightly curved in the leading state. (d ) A sample displacement trajectory for a myosin V molecule. The average step size is ∼76 nm, with a standard deviation of 9.8 nm. The short step size is hidden likely because of the dye location. The dye is likely to be close to the actin binding domain.
the fluorescence background and the size of the effective CCD pixels, or both. Objectivetype TIR microscopy significantly reduces the background, and the high NA (1.40-1.65) oil-immersion objective lenses significantly increase the number of collected photons. Prism-type TIR is another method to increase the signal-to-noise ratio (SNR), despite its reduced photon collection efficiency.
(We generally prefer objective-type TIR because of the increasing collection efficiency.) Epifluorescence microscopy is also amenable to FIONA experiments, however, at the expense of a much higher background level compared with TIR imaging (49). A way in which to understand the necessary photon number and background level is to obtain a SNR of ∼30 for the peak value of the PSF (SNR = I peak /(I peak + b 2 ) 0.5 ). The most straightforward way to achieve a higher SNR is to use longer exposure times during imaging. Another way of decreasing σ In summary, small pixels (<50 nm) may not be useful because they reduce the SNR and the observation area. Furthermore, large pixel sizes (>200 nm) are not useful because the PSF converges to a 2D delta function rather than to a 2D Gaussian function. A good way of selecting the right pixel size is to predict the full width at half maximum (FWHM ≈ 250 nm) of the emission distribution. An effective pixel size ranges from 30 to 50% of the FWHM, which corresponds to a value between ∼80 and ∼150 nm for the visible light. We typically choose either 86 or 100 nm for most of the single-molecule experiments.
Suppressing blinking events and increasing photostability of the dyes through the use of an enzymatic oxygen scavenging system and reducing agents are also essential for FIONA experiments (49). The exact reducing agents, including the manufacturers of the glucose oxidase and catalase, are necessary (49). Trolox is a promising reducing agent (31) . Piezo stages can be useful for testing both the optical adequacy of the imaging system (SNR, stage drifts, etc.) and the fitting algorithm used. Figure 1b shows a trace of artificial 20-nm steps by using a piezoelectric stage.
BR: bifunctional rhodamine
FIONA Applied to Processive Cytoskeleton Motor Proteins
A number of different processive cytoskeleton proteins exist, including actin-dependent motors, such as myosins, in particular, myosin V and myosin VI, as well as microtubuledependent motors, such as kinesins and dyneins. These molecular motors have been studied using single-molecule techniques for the past two decades, most often with optical traps, and their step sizes have been successfully measured (6, 24, 33, 34, 43) . According to these experiments, myosin V has a ∼37-nm step size and myosin VI has a ∼30-nm step size. On the other hand, microtubuledependent molecular motors, such as conventional kinesin, cytoplasmic dynein, and dimeric EG5, have ∼8-nm step sizes. There is still not much known about the stepping mechanism of dynein. These experiments were performed using optical tweezers, in which a polystyrene microsphere was attached to the stalk of the motor protein and the center-of-mass displacements and the stall forces of these proteins were obtained. The center-of-mass movements, however, do not give any information about the dynamics of the individual motor domains of these proteins. Therefore it was not possible to distinguish between the two predicted walking models: inchworm versus hand-overhand. Each of the proposed models makes testable predictions as to the motions of the protein during ATP-dependent translocation (49).
To address this mechanistic question, one light chain of a myosin V molecule was labeled with a bifunctional rhodamine (BR) or a cyanine 3 (Cy3) dye and an in vitro motility assay was performed at ∼300 nM ATP (49). Because only one light chain of myosin V was labeled (Figure 1c) , ∼37-nm steps were expected if the inchworm model was valid. However, alternating 37 − 2x (short) and 37 + 2x nm (long) steps were expected if the hand-over-hand model was valid, where x is the average distance between the center of www.annualreviews.org • Fluorescence Imaging of Single Moleculesthe myosin V and the dye projected on the specimen plane (Figure 1c) . Yildiz et al. (49) observed alternating long and short steps (74 − 0 nm, 52 − 23 nm, 44 − 30 nm), suggesting that myosin V was indeed walking handover-hand (Figure 1d ). Sakamoto et al. (35) determined that the length of the leg determined the step size and that the 74 − 0 nm steps were actually ∼64 − 10 nm steps (39, 42) . Furthermore, Yildiz et al. (51) showed that conventional kinesin moves hand-overhand, andÖkten et al. (27) and Yildiz et al. (50) showed that myosin VI also moves via a hand-over-hand mechanism. Recently, ReckPeterson et al. (32) showed strong evidence that cytoplasmic dynein also has a hand-overhand stepping mechanism. 
In Vivo FIONA
Most motility experiments measuring the step sizes have been performed in vitro, because the experimental conditions can be controlled to reduce the effects of unknown parameters that exist within the cell such as high fluorescent background, nonuniform drag coefficients, complicated actin or microtubule geometries, and other interacting enzymes. The drawback to such in vitro experiments, however, is long sample preparation times. In vivo experiments on the other hand have the advantage of simpler sample preparation and the aforementioned difficulties can be handled through the use of clever experimental designs.
For example, Kural et al. (22) recently performed an in vivo experiment to study the motility mechanism of conventional kinesin and cytoplasmic dynein in Drosophila S2 cells, which expressed eGFP with a peroxisome-targeting sequence. Labeled peroxisomes consist of a large number of eGFP molecules depending on their size. Furthermore, the fluorescent background of the cell was reduced by using an objective-type TIR setup and the cells were chilled to ∼10
• C to slow down protein motion. To isolate peroxisome movement by kinesin and dynein movement and to eliminate the effect of actin, the authors treated the cells with cytochalasin D. Removing the actin content not only yielded pure microtubule-dependent motility, but also created linear tracks on which the organelles could move, since S2 cells tend to grow thin linear cell structures (called processes) filled with microtubules ( Figure 2a) . The motility of the peroxisomes was recorded in the TIR volume on these linear tracks.
Kural et al. (22) could also determine whether the peroxisome was being moved by a kinesin (moving away from the nucleus) or by dynein (moving toward the nucleus). (In earlier experiments, while looking at peroxisomes within the cell body, without processes, it was not possible to determine definitely whether the peroxisomes were driven by kinesin or dynein.) Kural et al. successfully measured the step sizes of kinesin (∼8 nm) and dynein (∼8 nm) with a temporal resolution of 1.1 ms and a position accuracy of ∼1.5 nm (Figure 2b) .
Similar in vivo experiments were done by Nan et al. (26) and Toba et al. (41), who used quantum dots as probes to study cytoplasmic dynein and kinesin motility inside the cell. We should mention that the dynein experiments performed by different groups are not in absolute agreement on dynein step sizes and stall forces (22, 24, 26, 32, 41). The reason for these different observed step sizes and the stall forces is not yet apparent.
Pros and Cons of FIONA
FIONA has the great advantage of using widefield illumination (usually a ∼50 × ∼50 μm area), whereby many molecules can be observed simultaneously. The covalent attachment of organic fluorophores does not adversely affect motor function (but this must always be tested) and furthermore does not impose significant additional load. The cost of an objective-type TIR setup is usually much cheaper than the cost of other optical designs (i.e., optical tweezers). A standard fluorescence microscope can be converted to a TIR microscope by using a laser line for the illumination and a high NA (>1.4) oil objective. Commercial TIR microscopes are also available.
Furthermore, FIONA does not need any special calibrations; rather, the only parameter needed is the effective pixel size, which can be easily obtained by knowing the real CCD pixel size and the magnification of the imaging optics. Currently, the time resolution of FIONA can be reduced to ∼20 ms for singlefluorophore imaging (data not shown) and to submilliseconds for an object that contains several fluorophores or quantum dots (22, 26).
Brightness, especially for in vivo work and on single-molecule fluorophores, is a significant limitation. Photostability of the fluorophores is another major challenge for FIONA experiments. Optical probes such as quantum dots and gold nanoparticles, which last longer than conventional fluorophores, may provide attractive alternatives to the current suite of fluorescent dyes and fluorescent proteins (23, 25, 26, 40). Quantum dots are especially attractive candidates and they have been used by several groups for in vivo and in vitro studies (11). However, current obstacles to the use of quantum dots, such as low labeling efficiency, blinking, large effective size, nonuniform size and shape, and nonuniform excitation and emission characteristics, all require significant improvements (11, 26, 45) .
Unlike optical or magnetic tweezers, FIONA does not apply force onto molecules. Therefore, combining force spectroscopy techniques such as optical and magnetic tweezers with FIONA will constitute a significant development. We are currently combining optical traps with FIONA.
Two-Color FIONA Imaging or SHREC
Conventional microscopy cannot resolve two molecules closer than ∼250 nm, the far-file diffraction limit, also known as the Rayleigh limit. Fluorescence resonance energy transfer (FRET) can effectively measure distances between ∼2 and ∼10 nm. However, many conformational changes occur in the range of 10 to 250 nm, which is not accessible by conventional light microscopy or FRET. Therefore an alternative approach, such as differential labeling of particular sites of proteins, is required. In many cases, biological macromolecules provide sufficient reactivity such that two-color labeling can be achieved with a variety of organic and inorganic dyes.
A particularly powerful technique is twocolor FIONA, also called single-molecule high-resolution colocalization (SHREC), developed by the Spudich group (10). This method relies on having two fluorophores that have sparse emission peaks, which are then imaged on the same CCD camera. mapping function to colocalize the dye positions. Usually two-color experiments have the difficulty of finding a sharp focal plane for both colors simultaneously because of the chromatic aberrations of the microscope objective. However, it is possible to use a meniscus lens to compensate for the focal plane difference due to the chromatic aberrations. (We use a commercial dual-view tube manufactured by Optical Insights, LLC for twocolor imaging.)
Churchman et al. (10) colocalized Cy3 and Cy5 dyes, which were attached to two ends of a short DNA, and measured distances as small as 10 nm between the two. Furthermore, SHREC was used to measure the step size of myosin V, which was labeled with a Cy3 on one lever arm and a Cy5 on the other (10). Finally, A. Yildiz, Y.E. Goldman, and P.R. Selvin (unpublished results) used an approach similar to that used by Churchman et al. (10) to label myosin V with Cy3 and Cy5 and to measure the step sizes when myosin V was walking (Figure 3) . Two-color FIONA has also been performed with two different quantum dots, one on each head of the myosin V (45). One quantum dot had an emission peak at 565 nm, and the other had an emission peak at 655 nm. Quantum dots are handy for two-color experiments because different quantum dots can be excited simultaneously with the same excitation source. Warshaw et al. (45) measured the distance between the motor domains to be ∼36 nm and a step size of ∼72 nm when the motor domain goes from the trailing state to leading state. One problem was that only a small percentage (∼3%) of myosin V walked while having two quantum dots (D.M. Warshaw, personal communication).
Although these recent experiments did not provide any new information regarding the myosin V motility mechanism, they did provide a new, general method for studying molecular motors. This technology enables researchers to observe the dynamics of different sites of a molecule at the same time. FRET is limited to 2 to 8 nm, while SHREC is capable of measuring 8 nm and longer. One downside to the technique is that, so far, relatively few available dye pairs have the requisite photostability. Cy3 (or rhodamine) and Cy5 are nearly optimal existing organic dye pairs for SHREC experiments. We suspect that with the addition of Trolox, an effective photostabilizer for Cy3 and Cy5, SHREC will be suitable for more applications (31) .
Measuring Small Distances Using SHRImP
Single-molecule high-resolution imaging with photobleaching (SHRImP) is a technique introduced by Gordon et al. (18) to measure small distances (>10 nm) between identical immobile fluorophores. SHRImP is a method of obtaining the individual centroid for each of the two closely spaced fluorophores, which are otherwise not separately resolvable.
Briefly, a spot on the CCD camera that photobleaches in two steps is identified (Figure 4a) . Once the first dye has bleached, the resulting image-the second fluorophore-is fit to a single 2D Gaussian function. To obtain the position of the first dye, the image after photobleaching of the second dye is subtracted from the image before photobleaching of the first dye. This image is then also fit to a single 2D Gaussian function (Figure 4b) . The difference in centroids of the two dyes is then the distance between the two fluorophores. Gordon et al. (18) successfully measured the distance between two Cy3 dyes that are attached to short segments of DNA (>10 nm).
SHRImP is also used to measure the interhead distances of myosin VI molecules bound to actin filaments. Using an eGFP-myosin VI fusion protein, Balci et al. (1) determined that the average interhead distance is ∼29 nm when myosin VI was bound to actin. As mentioned above, SHRImP is useful for immobilized molecules, unlike SHREC. However, SHRImP is easier to apply. For example, one does not need to find a reliable, different col-
SHRImP:
single-molecule high-resolution imaging with photobleaching ored dye pair, and efficient labeling is not as difficult as multicolor labeling. Inherent optical problems such as chromatic aberrations do not occur with SHRImP.
STUDYING ROTATIONAL DYNAMICS WITH SINGLE-MOLECULE FLUORESCENCE TECHNIQUES
Single-molecule biophysics comprises more than simply measuring the step sizes of molecular motors. For instance, many proteins such as F1-F 0 -ATPase (48), nonprocessive molecular motors, and ion channels do not move processively, but rotate. Here we describe some of the techniques that can be used with widefield illumination and for studying the orientation (as well as the translation) of single biological molecules.
Taking Advantage of the Polarization of Light
The 3D orientations of the fluorophores that have linearly polarized excitation and emission dipoles can be detected by taking advantage of the polarized characteristic of (incident and/or emitted) light. Therefore one can study rotational dynamics of biological molecules by attaching a fluorophore so that it is rigid and does not undergo rotations independent of the target molecule's rotations.
Polarization modulation was applied to single fluorophores by Ha et al. (19) . The dyes immobilized on the surface were excited with polarized light and the polarization was continuously modulated (Figure 5a) . The excitation yield varied with respect to the angle between the excitation dipole of the fluorophore and the polarization of the excitation laser. The resulting intensity profile of the fluorophore can be fit to a quadratic cosine function, and the in-plane angle (the angle around the optical axis) of the fluorophore can be extracted (Figure 5b) . However, polarization modulation is not amenable to dynamic systems unless the modulation and exposure
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Figure 4
(a) A dimeric myosin VI molecule is labeled with GFP molecules on the motor domain and excited with a 488-nm laser line. Myosin VI was attached to the actin filament during the imaging time. The intensity profile shows the two-step photobleaching events of the GFP molecules. (b) The point spread function of the two GFP molecules before and after the first photobleaching event (left to right). The difference of these two functions gives the approximate point spread function of the first photobleached GFP molecule. Therefore it can be used to find the centroid of the first photobleached GFP. The remaining point spread function after the first photobleaching event is used to find the centroid of the second photobleached GFP molecule.
speed are high enough compared with the rotational dynamics of the target molecule.
An alternative way of finding the in-plane angles is to fix the excitation dipole and record the intensity fluctuations caused by rotations (38) . However, it is usually difficult to relate the fluctuations and the rotations using only one excitation laser beam. Therefore it is essential to use two carefully calibrated beams that have orthogonal polarizations. Both
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Toprak · Selvin approaches have generic angular and dipolar degeneracy problems and do not give any out-of-plane angle information. A similar approach was used by Kinosita and coworkers (21) to obtain out-of-plane angles in order to measure the axial rotations of the actin filaments caused by myosin molecules. The idea is based on splitting the emission coming from a dye into vertical and horizontal polarizations and calculating the out-of-plane angles. However, both of the approaches need further information to get the full 3D orientations for single molecules, which was performed by Forkey et al. (13-15) . 21) to get the full 3D orientation information. They used an advanced prism-type TIR setup to excite the BR molecules. Their TIR setup included two orthogonal incident beams. Each of the beam's polarization was switching between horizontal and vertical polarizations, such that they had four different excitation beams (first beam vertical polarization, first beam horizontal polarization, second beam vertical polarization, and second beam horizontal polarization). This approach has the advantage of creating evanescent fields using TIR that are in x, y, and z directions, depending on the excitation laser's incident angle and the polarization of the incident excitation laser. They also split the emission light with respect to the polarization, and each of the split emission lines was recorded with avalanche photo diodes (APDs). So for each cycle of excitation they had four excitation lines and two emission lines, resulting in eight different combinations. In this way they obtained the 3D orientation of a single fluorophore. This method, also called single-molecule fluorescence polarization microscopy (SMFP), detects only one molecule at a time because APDs are used for detection. But fast CCD cameras may be used instead, thus allowing more molecules to be observed simultaneously.
In addition to this technical improvement, Forkey et al. (15) The resulting emission intensity of a DiI molecule that is excited as described above. The intensity profile can be fit to a quadratic cosine function (I∼A + B.cos 2 ( excitation − dipole )). Intensity is maximum when excitation = dipole or excitation = π + dipole because of dipolar degeneracy.
APD: avalanche photo diode
SMFP:
single-molecule fluorescence polarization microscopy ment. They labeled myosin V molecules with BR dyes and observed the 3D rotational dynamics of myosin V molecules when they were walking along actin filaments. The authors also used an actin-based coordinate system for unambiguous analysis. They reported that the probe attached to the lever arm had two well-defined angles with respect to the actin filament. On average this angular change was ∼40 • , and Forkey et al. also reported that almost half of the myosin V molecules were moving but not undergoing
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CaM: calmodulin any rotational changes. However, this angular change of ∼40
• and the existence of nontilting myosin molecules were not consistent with the electron microscopy images (8, 44) . The reason for this inconsistency, as explained by Forkey et al., was the fourfold angular degeneracy of the SMFP and the inherent twofold degeneracy of the dipoles. The angular degeneracy of SMFP can be reduced twofold by making extra polarization measurements (30).
Combining FIONA and Polarization Studies
SMFP is a powerful technique used for investigating rotational dynamics. However, because the emitted photons are detected by APDs, this method cannot report on translational movements as do FIONA and optical tweezers. On the other hand, FIONA has no capability to measure specific dye orientations. Achieving simultaneous localization and rotational dynamics data therefore requires combining SMFP with a position measurement technique. Syed et al. (39) successfully combined polarization studies with FIONA to study the translational and rotational dynamics of myosin V. Myosin V samples labeled on the light chain with a BR molecule were excited by switching between two orthogonal excitation lasers with the same polarization, which provided the ability to track the intensity fluctuations caused by reorientations of the dye and to measure precisely the motility of myosin V molecules at the same time. Unlike SMFP this method does not aim to get full 3D orientation information, rather it tracks qualitative intensity changes caused by lever arm reorientations (Figure 6) . The BR molecule in this study was attached to the myosin by two bonds to minimize the thermal rotations of the dye. The exposure time for the experiments was either 500 or 150 ms and the positional accuracy was ∼2 nm.
Previous in vitro myosin V experiments proposed a model in which the lever arm of myosin V was bent instead of straight. Snyder et al. (37) measured the step sizes of myosin V by labeling one of the motor domains with an eGFP molecule, and they observed alternating 74 − 0 nm steps, as expected. Surprisingly the step sizes measured by Yildiz et al. (49) for the myosin V labeled on one of its six calmodulins (CaMs) were 74 − 0 nm, 52 − 23 nm, and 44 − 30 nm depending on the dye location on the lever arm. The observation of 74 − 0 nm steps even when the dye was on the lever arm suggests a bent lever arm model (37) . By combining FIONA with polarization measurements, Syed et al. (39) found that the 74 − 0 nm steps originally observed by Yildiz et al. were in fact 64 − 10 nm steps after using the qualitative information from intensity fluctuations due to lever arm reorientations.
Another interesting observation was the occurrence of ATP-dependent lever arm reorientations without any lateral movements. Combining FIONA with polarization methods is an excellent example of how monitoring multiple observables simultaneously can yield additional information not provided by either technique on its own.
Removing Angular Degeneracies Using Defocused Orientations and Position Imaging
Conventional microscopy techniques, which observe the specimen in the sharp focal plane, generally cannot report on the 3D orientations of the fluorophores. However, if the sample is deliberately moved away from the sharp focus by a specific distance (depending on the optical parameters), 3D orientations of the fluorophores can be found without any angular degeneracy (2, 3, 7, 42) .
The defocused CCD image of a single fluorescent molecule is a combination of lobes and fringes depending on the orientation of the fluorophore (Figure 7a) . This method was first introduced by Dickson and coworkers (2, 3) and the complete description of the electrodynamics behind DOPI has been detailed elsewhere (2, 3, 7) . In brief, the image of the single fluorophore is taken in A myosin V molecule that has a bifunctional rhodamine on the lever arm was excited by alternating between two orthogonally polarized laser lines. The intensity fluctuations due to dye reorientations are observed ( green and pink diamonds). The displacement trajectory ( pink and green stars) was analyzed using the intensity information as the indication of the existence of a step. Therefore even statistically insignificant events are better resolved. This trace is shown in alternating ∼64 − 10 nm steps.
a plane where the different light rays have not converged into a single focus. The resulting emission pattern of the single fluorophore on the CCD depends on (the axial angle between dipole axis and optical axis), (the azimuthal angle around optical axis), and δz (the defocusing amount from the focal plane) (Figure 7a) . Using a patternmatch analysis technique, Patra & Enderlein (29) calculated , , and the lateral position of the fluorophore. DOPI can detect the 3D orientations with ∼10-15
• uncertainty and lateral position with ∼15 nm accuracy when the exposure time is 0.6 to 0.8 s (for a rhodamine molecule, ∼3 mWatt excitation power with objective-type TIR illumination).
It is difficult to perform control experiments to test the angular accuracy of DOPI; therefore computer simulations are used to test the analysis algorithm. Perfect theoretical defocused images were computer generated and Poissonian noise was added to each pixel of the image. The total number of photons, background level, pixel size, and other optical parameters were all chosen according to our experimental setups and results, which were generally obtained (42) . The fit results never deviated more than 5
• when using the algorithm described by Patra & Enderlein (29). These simulations also showed that the sensitivity of DOPI for in-plane angles is higher when the out-of-plane angle of the dipole
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is larger (i.e., more parallel to the specimen plane) (Figure 7b,c) . DOPI has no degeneracy in measuring the orientation of the dipole axis within any preselected hemisphere, but the bidirectional symmetry of the optical dipoles still presents an ambiguity between ( , ) and (180
An objective-type TIR setup was used to excite molecules, and the excitation laser was circularly polarized to excite all the dyes with maximum efficiency regardless of dye orientations. Choosing the right objective and the right effective pixel size is essential to observe defocused images. We used an infinity-corrected 100X 1.45NA oil objective (Olympus) and a 1.6X magnification unit to collect more photons and have a proper effective pixel size (total magnification was 160X, resulting in a 100-nm effective pixel size). Having pixel sizes smaller than 100 nm is possible, but increasing magnification decreases the intensity of the fluorophore dramatically. We started our experiments by looking at DiI molecules that were either dissolved in a polymer (methyl methacrylate or poly vinyl alcohol) or methanol. The dyes (∼10 nM) were spin coated (3000 rpm for 30 s) on a precleaned coverslip (0.17-mm thickness) and then dried in an oven at 100
• C for 1 min. For this setup and the emission wavelength (575 nm for BR), the optimal defocusing amount was ∼500 nm. It is essential that the bond between the dye and the target molecule is rigid. We did not see any useful defocused patterns for Cy3 dyes that were attached to DNA with a single bond. The defocusing of the sample was done using a sample-holding piezoelectric stage (Mad City Labs Inc.). (It is not essential to start these experiments with a piezo stage; one can easily do the preliminary experiments by manually adjusting the focusing knob of the microscope.) By these experiments we optimized our imaging and excitation optics to ensure that we did not have any severe aberrations that could adversely affect our experiments. (a) The spherical coordinate system used in our calculations. is the out-of-plane angle and is the in-plane angle. (b) We tested the precision of our fitting algorithm by creating theoretical defocused images; the optical parameters, signal, and noise level were chosen according to our experimental setup. For a fixed in-plane angle we generated images with 3 • increments, and we fitted those images to theoretical patterns. The sensitivity of our algorithm for in-plane angle is enhanced when the dipole is more parallel to the surface. 
Studying Lever Arm Dynamics of Myosin V with DOPI
Evidence from previous studies (15, 44) indicates that the lever arm of myosin V has two well-defined states (trailing and leading) during ATP-dependent translocation and therefore was a perfect choice to demonstrate the capabilities of DOPI for biological studies. We labeled one of the six CaMs of myosin V with a BR. The orientation of the dye's dipole with respect to the lever arm is ∼40
• . However, the azimuthal angle of the dipole around the lever arm is not known. Also there was evidence that each CaM had a different orientation depending on its location on the lever arm. All these variables made using the lab coordinate frame unsuitable for an unambiguous analysis. Instead we used an actin-based coordinate system (Figure 8a ) to map everything on the actin frame (15). We defined two angles, α (the azimuthal angle around the actin) and β (the axial angle with respect to the actin filament).
We captured defocused images using exposure times between 0.6 and 0. power (∼3 mWatts measured before the objective) were optimized to capture four to five frames for each dwelling period of myosin V. Every myosin molecule that moved underwent the expected lever arm swing. This finding contradicts the results reported by Forkey et al. (15) . We observed 65 molecules (which walked on a linear track, sparse enough for analysis, and moved processively for many steps), all of which showed well-defined lever arm rotations (Figure 8b) . The average β changes were ∼71
• , which were consistent with electron microscopy results (44) . We observed ∼27
• azimuthal back-and-forth rotations (α changes) around the actin for almost 90% of the molecules. These rotations were correlated, or anticorrelated, with lever arm tiltings with respect to the actin (β changes).
However, the position accuracy of DOPI was usually not enough to measure step sizes at the same time. We measured the step sizes of myosin V by using a simple trick to take advantage of FIONA. By using a synchronized CCD and a piezo stage, we switched between focused and defocused imaging to get 3D orientations and accurate position data (Figure 8c,d ). These measurements (for 32 molecules) confirmed that all lever arm tiltings are synchronized with stepping events at our time resolution. Accurate step size information also allowed us to distinguish trailing states from leading states of the lever arm, because the lever arm is in the leading state after long steps (37 + 2x nm) and in the trailing state after short steps (37 − 2x nm). We concluded that the average dipole angle with respect to the actin (β) was ∼57
• for the trailing lever arm and ∼128
• for the leading lever arm (Figure 8b) for the 97 molecules and 1151 tilting events.
CONCLUSIONS AND FUTURE DIRECTIONS
The capabilities of modern imaging tools have shed light on biology since the invention of microscopes. Fluorescence spectroscopy and conventional microscopy still need much development, both in vitro and particularly in vivo. The inherent limitations of microscopy, such as the diffraction limit and the photostability problems of organic dyes and autofluorescent proteins, are still valid. Recent studies by several groups are pushing the diffraction limit to bring the optical resolution down to the nanometer range, although there is still room for improvement to extend the applications of the proposed methods (5, 20) . These new imaging tools and future imaging tools will likely bring their own questions resulting from their high-resolution observations. Hopefully, these studies and the existing microscopy tools will be applicable for studying live organisms and used for medical purposes. 
